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Abstract. Twelve tundra swans, Cygnus columbianus (Ord), 
from Nevada and one from New Mexico were collected and 
examined for schistosomes. Mature worms, determined as 
Allobilharzia visceralis, were found in 92% of the swans, in 
the inferior mesenteric vein of the large intestine and its 
branches. In 12 cases, there was endophlebitis of the inferior 
mesenteric vein. The morphology of the worms is consistent 
with the recently described genus Allobilharzia. Placement in 
this genus was confirmed also by phylogenetic analysis of 
nuclear 28S, 18S and, internal transcribed spacer (ITS) ribo-
somal DNA (rDNA), and mitochondrial cytochrome oxidase I 
(CO1) sequences. Data further suggest the worms are con-
specific with the European A. visceralis, the only described 
species of the genus and which was found to be the sister 
taxon to the most diverse avian schistosome genus, Trichobil-
harzia. This is the first report of a schistosome infection from 
native swans in North America.  

Schistosomes have achieved notoriety because they are the 
etiological agent of the human disease, schistosomiasis, which 
is caused by 7 of 21 nominal species of Schistosoma; namely 
S. japonicum, S. malayensis, S mekongi, S. mansoni, S. mat-
theei, S. intercalatum, S. haematobium, and S. guineensis (see 
Webster et al. 2006). Although mammalian schistosomes are 
better known for this reason, avian schistosomes by compari-
son are much more diverse and widespread (Horák et al. 2002, 
Brant et al. 2006). For example, Trichobilharzia is the most 
speciose of the 14 named schistosome genera, with roughly 40 
species described, all from birds (Blair and Islam 1983, Horák 
et al. 2002). Cercariae of Trichobilharzia play a significant 
role in outbreaks of cercarial dermatitis (swimmer’s itch) in 
humans across the world, though there are several other schis-
tosome genera that also cause dermatitis (Cort 1950, Jarcho 
and van Burkalow 1952, Leedom and Short 1981). Recently, 
investigations of an outbreak of cercarial dermatitis in Iceland 
led to the discovery of a new genus and species of schisto-
some, Allobilharzia visceralis Kolářová, Rudolfová, Hampl et 
Skírnisson, 2006, in Cygnus cygnus whooper swans. This new 
finding inspired the current study, wherein I examined a swan 
species native to North America, the tundra swan, Cygnus 
columbianus columbianus (Ord, 1815).  

Twelve (5 young of the year) tundra swans, C. c. columbi-
anus, were collected during the hunting season from Stillwater 
National Wildlife Refuge, Churchill County, Nevada 
(39°54’N, 118°49’W) on 18–19 November 2005. One young 
of the year was collected in January 2006 from Lake Avalon, 
Lea County, New Mexico (32°29’N, 104°15’W). The viscera 
and nasal tissues were examined for schistosomes between 30 
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Fig. 1. Egg of Allobilharzia visceralis in Cygnus columbianus 
from a mass of adults and tissue in the nodule above the infe-
rior mesenteric vein (see Fig. 3). Scale bar = 50 µm. 
 
 
minutes to 6 hours after death, except for the specimen from 
New Mexico which was previously frozen. Intestinal scrap-
ings and samples from the enlarged large inferior mesenteric 
vein were examined for eggs, intestinal lesions were photo-
graphed, and then worms were teased out and either relaxed 
and killed in hot water or put into 95% ethanol for subsequent 
DNA analysis. Attempts were made to hatch eggs. Faeces 
were rinsed, and then diluted in store bought spring water in 
an Erlenmeyer flask. The flask was 90% covered from the 
bottom up, in aluminium foil to expose to light only the top 3 
cm of the flask. No miracidia were recovered. Specimens of 
Dendritobilharzia pulverulenta were collected from Mergus 
merganser (Cheboygan County, Michigan, August 2005) and 
Gigantobilharzia huronensis was collected from Agelaius 
phoeniceus (Albuquerque, Bernalillo County, New Mexico, 
1998). 

Worms were stained in Semichon’s acetocarmine and 
mounted in Canada balsam on slides for measurements and 
morphology (Pritchard and Kruse 1982). Voucher specimens 
of Allobilharzia were deposited in the U.S. National Parasite 
Collection, Beltsville, Maryland (USNPC# 099527).  

DNA was extracted from fixed whole worms with the 
DNeasy Tissue Kit (Qiagen, Valencia, CA, USA) according to 
manufacturer’s guidelines. Fragments of DNA (internal tran-
scribed spacer – ITS (18S partial sequence; ITS1, 5.8S, ITS2, 
and 28S partial sequence), 18S and 28S rDNA, and mtDNA 
cytochrome oxidase 1 (CO1) were amplified by polymerase 
chain reaction (Takara Ex Taq kit, Takara Biomedicals, Otsu, 
Japan) and sequenced using previously published primers: 
ITS: its4, its5 (Dvořák et al. 2002), 3S (Bowles et al. 1995) 
and 4S (Bowles and McManus 1993), 18S, 28S, and CO1 
primers as referenced in Morgan et al. (2003) and Snyder 
(2004). PCR products were purified with Montage Microcon 
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columns (Millipore, Billerica, MD, USA). Sequencing reac-
tions were performed with Applied Biosystems BigDye direct 
sequencing kit, version 3.1 (Applied Biosystems, Foster City, 
CA, USA). The ITS, 18S, 28S, and CO1 gene regions were 
used to estimate the phylogenetic position of the specimens 
found in this study. The ITS region was used to compare with 
the Allobilharzia visceralis samples from Kolářová et al. 
(2006). Since there does not exist ITS sequence data for all 
known genera of the family, the 18S, 28S, and CO1 sequence 
data were used to place the samples in this study within the 
larger context of the family Schistosomatidae (Brant and 
Loker 2005, Brant et al. 2006).  

The ITS (857 bp) sequences generated by this study were 
the following: Allobilharzia visceralis (GenBank accession 
numbers EF071989–91), Dendritobilharzia pulverulenta 
(EF071988) and Gigantobilharzia huronensis (EF071986, 
EF071987). From GenBank the following accession num- 
bers were available for ITS sequences for schistosomes: 
Trichobilharzia (AF263829, AY713969–73), Allobilharzia 
(DQ067561), Gigantobilharzia (AY713963), Dendritobilhar-
zia (AY713962), and outgroups Schistosoma (Z21716–18, 
AY446080, AY197343). The sequences analysed were the 
same as used in Kolářová et al. (2006): part of ITS1, all of 
5.8S and ITS2 and part 28S. The 18S (1,815 bp), 28S (3,829 
bp) and CO1 (711 bp) sequences new to this study were Allo-
bilharzia visceralis (EF114219–24). The remaining taxon 
accession numbers can be found in Brant et al. (2006). Se-
quences were assembled and edited using Sequencher ver. 4.2 
(Gene Codes, Ann Arbor, MI, USA), and subsequently 
aligned by eye in Se-Al (Rambaut A. 1996. Se-Al: Sequence 
Alignment Editor. http://evolve.zoo.ox.ac.uk). Positions for 
which alignment was uncertain were removed from the data 
set (alignments are available upon request).  

Phylogenetic analyses using maximum parsimony (MP), 
maximum likelihood (ML) and minimum evolution (ME) 
were carried out using PAUP* ver. 4.0b10 (Swofford 2002) 
and Bayesian inference using the program MrBayes 3.1 
(Huelsenbeck and Ronquist 2001). Modeltest (Posada and 
Crandall 1998) was used to determine the best nucleotide sub-
stitution model for ML and ME analyses. For ITS, the model 
TVM+G was selected. Gaps were treated as missing data in-
formation residues. For the combined gene tree, each gene 
was analysed independently and combined, and rooted with 
the spirorchiid outgroup. The GTR+I+G model from Model- 
test, based on A.I.C. criteria, was used for the combined data-
set. Parsimony trees were reconstructed using heuristic 
searches (100 replicates), random taxon-input order and tree-
bisection and reconnection (TBR) branch swapping. Optimal 
ME and ML trees were determined from heuristic searches 
(500 replicates for ME, 10 replicates for ML), random taxon-
input order, and TBR. Nodal support was estimated by boot-
strap (200 replicates) and was determined for the MP and ME 
trees using heuristic searches (10 replicates), each with ran-
dom taxon-input order.  

Figs. 2–4. Allobilharzia visceralis in the large intestine of 
Cygnus columbianus. Fig. 2. From the top: a nodule on the 
inferior mesenteric vein; below that, a nodule on a smaller 
vein cut open to show adult worms and egg-tissue debris 
(brown spots, see Fig. 3). Fig. 3. Close-up of worms in the 
nodule on the vein from Fig. 2. Fig. 4. The lumen of the infe-
rior mesenteric vein; adult worms infiltrating through the dor-
sal side of the vein from the nodule (Fig. 2). Arrows highlight 
some of the worms. Scale bars: Fig. 2 = 1.4 mm; Fig. 3 = 0.32 
mm; Fig. 4 = 3 mm. 
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Table 1. Measurements of male and egg Allobilharzia visceralis from this paper compared to those of Kolářová et al. (2006).      
n = 8 except for total length where n = 1. 

 Range (µm) Mean ± SD (µm) Mean ± SD (µm)  
   Kolářová et al. 2006 
Total length 65 mm   
Oral sucker 75–79 × 60–65  77 ± 2.1 × 62 ± 2.5  57 ± 14 × 48 ± 11 
Oral sucker to acetabulum 410–730  511 ± 103.5 361 ± 77 
Acetabulum 90–2 91 ± 1.01 107 ± 41 × 95 ± 32 
Acetabulum to gynecophoral canal 700–1,520 1,005 ± 276.6  
Length gynecophoral canal 350–1,001 775 ± 225.2 831 ± 132 
Number of testes >400  >170 
Immature eggs (from nodule mass) 147–175.2 × 40–47.7 164.6 × 43.3 132 ± 10 × 28 ± 2 

 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 

Fig. 5. Phylogenetic tree based on partial ITS region. Nodal support shown by bootstrap values for ME, MP, and ML and Bayes-
ian posterior probabilities, respectively. The tree shown was constructed using ML. Taxon names are followed by their geo-
graphic locality (in Europe, DE = Germany, NL = Netherlands, CZ = Czech Republic, IC = Iceland; in the USA, NM = New 
Mexico, NV = Nevada, MI = Michigan). 

 
For the Bayesian analysis, there were five partitions in the 

data set 18S, 28S (Nst=6 rates=gamma ngammacat=4) CO1 
codon positions codon1, codon2, and codon3 (Nst=6 rates-
invgamma ngammacat=4) followed by the following parame-
ter settings: unlink shape=(all) pinvar=(all) statefreq=(all) 
revmat=all; preset ratepr=variable. Four chains were run si-

multaneously for 5 × 105 generations, trees sampled every 100 
cycles, the first 2,000 trees with preasymptotic likelihood 
scores were discarded as burn-in, and the retained trees were 
used to generate 50% majority-rule consensus trees and poste-
rior probabilities. 
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Fig. 6. Phylogenetic tree based on concatenated sequences of 18S and 28S rDNA and CO1 mtDNA regions. Nodal support 
shown by bootstrap values for Bayesian posterior probabilities, ME, and MP respectively. 

 
 
Allobilharzia visceralis was recovered from 11 of the 12 

(92%) swans from Nevada and the one from New Mexico in 
the serosal and mesenteric veins of the large intestine of both 
juvenile and adult swans (Figs. 1–4). Species identification 
was based on both morphology and ITS gene sequence com-
parison to the worms from Iceland. This species was the only 
schistosome species recovered. No schistosomes were found 
in nasal tissue. Both the ITS phylogeny and the combined 18S, 
28S and CO1 phylogenetic analysis for this species of schisto-
some support it as a sister clade to the genus Trichobilharzia 
(Figs. 5, 6) and confirm the results of Kolářová et al. (2006). 
Analysis of the separate genes also recovered the similar to-
pology with variation at the tips of the clades (data not 
shown). Measurements of females are not reported, as intact 
worms were not recovered. Measurements were made from 
fragments of eight males (total length based on one male) and 
were compared to those of Kolářová et al. (2006) in Table 1. 
The suckers, body and lining of gynecophoral canal have 
spines; oesophagus bifurcates just before the acetabulum, 

caecal reunion posterior to the gynecophoral canal but was 
seen in only two specimens. Posterior end of tail is spatulate.  

This is the first report of schistosomes from C. c. columbi-
anus. Prior to this study, there have been several reports of 
schistosomes in swans from Europe and Australia including 
the black swan, Cygnus atratus, in Australia (Johnston 1941), 
Cygnus olor, the mute swan, (Szidat 1939, van den Broek 
1965, Palmer and Ossent 1984, Kolářová et al. 2005) and 
Cygnus cygnus, the whooper swan, (Kolářová et al. 2005) in 
Europe. Most of the worms in those papers were classified as 
Trichobilharzia. However, it is not clear from these reports 
how the worms were identified, as they can be confused easily 
with other genera of avian schistosomes. Other species of 
schistosomes (mainly of Dendritobilharzia) have been impli-
cated in causing the death of swans, such with the whooper 
swan (Levine et al. 1956, Wilson et al. 1982, Graczyk et al. 
1993). 

The gross pathology of infection seen in the adult and ju-
venile birds (Figs. 2–4) was similar to that reported in Kolářo- 
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vá et al. (2006). However, unlike the swans discussed in the 
previous paper, the swans examined for this study were col-
lected during the hunting season and appeared healthy. There 
were no granulomas in the liver of juvenile or adult birds and 
by gross examination they did not appear to suffer morbidity 
from this infection. Swans are not mature until about three to 
four years and the pathology, prevalence and intensity of the 
worms in the young of the year swans collected for this study 
appeared similar to the adult swans. Therefore, by breeding 
age these swans may have been infected for a minimum of 
three years. It is not known at this time if adults have acquired 
immunity and can become infected as adults (Ellis et al. 
1975). 

The morphological similarity and genetic divergence of the 
ITS (0.2%) sequences of Allobilharzia generated in this study 
compared with the samples from Kolářová et al. (2006) 
strongly suggests that the worms recovered belong to the same 
species. Additionally, the similarity suggests that they share 
common transmission sites, one that must occur in the north-
ern latitudes. Cygnus columbianus is comprised of two sub-
species. The tundra swan, C. c columbianus has a breeding 
range in the subarctic and arctic tundra of North America 
(Bellrose 1980, Kear 2005) and winters on the Pacific coast 
from Vancouver Island to central California, and inland, then 
Atlantic coast from New Jersey to South Carolina (Limpert et 
al. 1991). Bewick’s swan, C. columbianus bewickii Yarrell, 
1830, breeds only in arctic Russia and winters in eastern Asia 
and northern Europe. However both subspecies will occasion-
ally cross the Bering Strait (Kear 2005). Additionally, the 
breeding ranges of Cygnus cygnus, C. buccinator, C. columbi-
anus (both subspecies) and C. olor are holarctic circumpolar 
and thus range overlaps occur at the contact zones of these 
various species of swans, i.e. Siberia/Aleutian Islands of 
Alaska, USA (Evans and Sladen 1980, Kondratyev 1991). In 
fact, the whooper swan, C. cygnus, is a rare visitor to Alaska 
and the tundra swan is a rare visitor to Siberia; the breeding 
distribution of the whooper swan is subarctic Eurasia and in 
some cases does overlap with some Asian stragglers of the 
tundra swan. In a recent study tracking swan migration, it 
appears possible that the birds collected in Nevada may have 
originated in northwest Alaska (Ely et al. 1997).  

There is no indication yet as to what snail intermediate host 
might transmit schistosomes of the genus Allobilharzia, but 
based on the behaviour and distribution of the swan hosts and 
the genetic similarity of the schistosomes from two different 
continents, it is suspected that the snail might be a brack-
ish/marine species. Within the breeding range, tundra swans 
often feed in brackish estuarine bays and when inland, in 
freshwater. Suitable feeding waters must be shallow enough to 
use their feet to disturb aquatic vegetation and immerse the 
head and neck to obtain leaves, stems and tubers (Bellrose 
1980) and snails can also be found in these feeding areas. 
Occasionally swans will consume snails (Delacour 1964), and 
that may suggest secondary route of transmission.  

In conclusion, schistosomes were found from the tundra 
swan, Cygnus columbianus from North America that were 
morphologically and genetically determined to be Allobilhar-
zia visceralis and were also conspecific to those recovered 
from C. cygnus in Iceland. A brief description of the gross 
pathology is reported which is very similar to the schistosome-
induced pathology reported from swans in Iceland attributed 
to A. visceralis. This extends the geographic and host range of 
this schistosome. 
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