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Abstract. Haemogregarina bigemina Laveran et Mesnil, 1901 was examined in marine fishes and the gnathiid isopod, Gnathia
africana Barnard, 1914 in South Africa. Its development in fishes was similar to that described previously for this species.
Gnathiids taken from fishes with H. bigemina, and prepared sequentially over 28 days post feeding (d.p.f.), contained stages of
syzygy, immature and mature oocysts, sporozoites and merozoites of at least three types. Sporozoites, often five in number,
formed from each oocyst from 9 d.p.f. First-generation merozoites appeared in small numbers at 11 d.p.f., arising from small,
rounded meronts. Mature, second-generation merozoites appeared in large clusters within gut tissue at 18 d.p.f. They were
presumed to arise from fan-shaped meronts, first observed at 11 d.p.f. Third-generation merozoites were the shortest, and resulted
from binary fission of meronts, derived from second-generation merozoites. Gnathiids taken from sponges within rock pools
contained only gamonts and immature oocysts. It is concluded that the development of H. bigemina in its arthropod host
illustrates an affinity with Hemolivia and one species of Hepatozoon. However, the absence of sporokinetes and sporocysts also
distances it from these genera, and from Karyolysus. Furthermore, H. bigemina produces fewer sporozoites than Cyrilia and
Desseria, although, as in Desseria, Haemogregarina (sensu stricto) and Babesiosoma, post-sporogonic production of merozoites
occurs in the invertebrate host. The presence of intraerythrocytic binary fission in its fish host means that H. bigemina is not a
Desseria. Overall it most closely resembles Haemogregarina (sensu stricto) in its development, although the match is not exact.

In a partial systematic revision of the Adeleiorina
(Apicomplexa), Siddall (1995) placed fish haemo-
gregarines in the genera Cyrilia, Desseria and Haemo-
gregarina (sensu lato), and those from chelonians in the
genus Haemogregarina (sensu stricto). Members of the
genera Cyrilia Lainson, 1981 and Haemogregarina
(sensu stricto) Danilewsky, 1885 were partially charac-
terised by vermicular meronts in vertebrate erythro-
cytes, while those in the genus Desseria Siddall, 1995
lacked erythrocytic merogony. Two genera, Cyrilia and
Desseria, underwent development in leech hosts as well
as in fishes. In Siddall’s scheme, the fish haemo-
gregarine Haemogregarina bigemina Laveran et Mesnil,
1901, was grouped with Haemogregarina (sensu lato).
Presumably this placing occurred because H. bigemina
was known to undergo binary fission within fish
erythrocytes (see Laird 1953), but much of the evidence
for its development in an invertebrate host was consid-
ered circumstantial (see Davies 1982).

Studies on the biology of H. bigemina have led to the
conclusion that it is probably transmitted by haemato-
phagous praniza larvae of isopods of the genus Gnathia
Leach, 1814, which act as temporary ectoparasites of
fishes (Davies 1981). At a study site in Wales in 1976,
the haemogregarine was observed commonly, occurring

in all specimens of intertidal fish (blennies), Lipophrys
(Blennius) pholis, over 5.0 cm in length (Davies and
Johnston 1976). However, the infection was first
detected in young fish too small to have been bitten by
the only leech (Oceanobdella blennii) known to exist on
blennies in Wales. Furthermore, H. bigemina occurred
at a location where this leech was not known, and was
acquired by young blennies in a season when the leech
was known not to feed. Larval gnathiid isopods were, in
contrast, common at the study site, they fed on fish all
year, and some contained stages resembling those
occurring in the development of haemogregarines
(Davies and Johnston 1976). A greater variety of
development stages, presumed to be those of H.
bigemina, were found in the anterior hindgut of praniza
larvae during a second study in Wales in 1982, lending
further support for its transmission by gnathiids (Davies
1982).

Haemogregarina bigemina is not confined to the
fish, L. pholis. It occurs in a variety of fishes in widely
separated geographical locations (see Davies 1995a).
Preliminary investigations in Portugal and in South
Africa, also support transmission of the haemogregarine
by gnathiids (Davies et al. 1994, Smit and Davies 1999,
Davies and Johnston 2000) rather than by leeches.
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Recently, H. bigemina has been examined in detail in
some marine fishes and gnathiids at De Hoop Nature
Reserve and at Jeffreys Bay, South Africa. This study,
like previous ones, strongly supports transmission of the
haemogregarine by isopods. It also suggests a life cycle
unlike that of typical members of the genera Cyrilia,
Desseria or Haemogregarina.

MATERIALS AND METHODS

In South Africa, clinids, Clinus superciliosus (Linnaeus,
1758) and Clinus cottoides Valenciennes, 1836 were captured
in rock pools at Koppie Alleen, De Hoop Nature Reserve
during April, 1998 and 2000, and at Jeffreys Bay in January
1999. Rocksucker, Chorisochismus dentex (Pallas, 1769),
were caught only at Jeffreys Bay in January 1999. Following
capture and identification, using methods which have been
described elsewhere (Smit and Davies 1999), these fishes were
maintained singly, in pairs, or in small groups (3-4 fishes) in
buckets of fresh, aerated seawater. This allowed their gnathiid
ectoparasites, identified as Gnathia africana Barnard, 1914
(see Barnard 1914, Smit et al. 1999), to be left undisturbed
and monitored for periods up to 24 h. Subsequently, the fishes
were measured and blood smears were prepared either from
heart blood or by snipping a few gill filaments. Blood smears
were fixed in absolute methanol, stained by standard Giemsa’s
stain and screened for H. bigemina at × 100 magnification
with a Zeiss Axioskop photomicroscope. Measurements were
made with an eyepiece graticule and stage micrometer.

When gnathiids had fed to repletion on clinids and rock-
sucker (between 1-24 h), they were drawn up in broad-
mouthed pipettes and examined in watch glasses of seawater
under a low power (× 3, × 10) binocular microscope. This
allowed their condition to be assessed, and they could be
graded according to size of praniza instar (P1, P2 or P3). Some
pranizae were screened for H. bigemina immediately follow-
ing feeding (see below). Others were transferred to small jars
of fresh seawater, where they were kept in the dark at between
18-22°C for periods up to 28 days post feeding (d.p.f.). Their
seawater was replaced at least twice weekly and gnathiids
were examined daily under a binocular microscope to monitor
their condition and to look for signs of moulting to the next
instar or to an adult stage.

Gnathiids were prepared for screening either immediately
or on each of 1-28 d.p.f. on clinids and rocksucker. They were
removed individually from jars of seawater with a broad-
mouthed pipette, placed on paper towels to drain surface
seawater, crushed, and smeared whole between two glass
slides. They were then fixed in absolute methanol, stained, and
screened as for blood films (above).

Gnathiids were also retrieved from sponges to assess the
prevalence of the haemogregarine in the general population of
G. africana, rather than in those known to have fed on infected
fishes. Sponges, Hymeniacedon sp., which line the pools in
which clinids and rocksucker occur, were collected at low tide
with a sharp knife at De Hoop. In the laboratory, these
sponges were dissected apart in small dishes of seawater under
a low power binocular microscope (× 3, × 10). Three stages of
segmented (unfed) zuphea larvae (Z1, Z2, Z3) and replete
praniza larvae (P1, P2, P3), and adult males of G. africana,

which were located near the osculum of many sponges, were
extracted with fine brushes, and drained of seawater on paper
towels. They were then crushed and smeared between glass
slides, fixed, stained and screened as above.

Giemsa-stained smears from G. africana (Figs. 1-17) and
blood films from C. superciliosus were used to construct a
proposed life cycle for H. bigemina in these hosts (Figs. 18-
39).

RESULTS

Table 1 records the species of clinids and rocksucker
captured at De Hoop and Jeffreys Bay, their number,
length, praniza and haemogregarine burdens. No other
metazoan ectoparasites were detected on fishes. In
Table 2 the gnathiids are classified by instar. First-stage
pranizae (P1) were the most common feeding stage on
C. superciliosus, C. cottoides and Ch. dentex, whereas
third-stage pranizae (P3) were found least often. Ninety-
seven of 168 pranizae from C. superciliosus and C.
cottoides at De Hoop were screened for stages of H.
bigemina, the rest were used in life-cycle (manuscript in
preparation) and morphological studies of G. africana
(Smit et al. 1999). At Jeffreys Bay, 106 larval gnathiids
were screened for the haemogregarine from a total of
243 (180 pranizae recorded in Table 1, and a further 63
pranizae from 19 C. superciliosus, which were not
measured). Remaining gnathiids from Jeffreys Bay were
used for life-cycle and morphological studies as at De
Hoop. Pranizae P1 and P2 kept in small jars of seawater
were found to moult to Z2 and Z3 respectively at around
8-10 d.p.f., whereas P3 pranizae moulted into adults
between 10-17 days following the last blood meal.

The intraerythrocytic and extracellular stages of H.
bigemina seen in blood smears from the various species
of fishes, agreed in size and morphology with those
recorded previously for this species (see Laird 1953,
Davies 1982, 1995a, Smit and Davies 1999). In contrast
to the observations of Laird (1953), no intraleucocytic
stages were seen. Prevalence of infection was usually
<1.0 parasites/1,000 erythrocytes, although in five fish
(all C. superciliosus), 10-15/1,000 erythrocytes were
infected. These intraerythrocytic and extracellular stages
(see Figs. 20-26) were similar to those reported by Smit
and Davies (1999).

The stages seen in smears taken from G. africana
(see Figs. 1-17, 27-39) at De Hoop and Jeffreys Bay
included free gamonts (Figs. 1, 27) resembling those
seen in the erythrocytes of fishes with H. bigemina, or
more deeply staining gamonts, some with a pronounced
cap. These gamonts were found immediately after
pranizae had fed on fishes with H. bigemina, and
commonly for up to 6 d.p.f., and in all three sizes of pra-
nizae (P1, P2, P3). Exceptionally, unchanged gamonts
were found 18 d.p.f. in two third-stage larvae (P3).
Pairing of gamonts (syzygy) was recorded for up to 6
d.p.f. (Figs. 2, 28). It proved to be the most difficult
stage to locate. The form presumed to be the
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Figs. 1-17. Giemsa-stained smears from Gnathia africana taken from fishes with Haemogregarina bigemina. Background
contains bacterial cocci and rods. Fig. 1. Free gamont resembling those seen in blood films from fishes. Fig. 2. Syzygy.
Macrogamont with clearly discernible nucleus closely associated microgamont with three visible microgamete nuclei (arrows).
Figs. 3, 4. Immature oocysts at different stages of development. Fig. 5. Maturing oocyst with at least four nuclei. A few second-
generation merozoites lie near the oocyst. Fig. 6. Sporogony leading to the formation of five sporozoites. Fig. 7. Free mature
sporozoite. Fig. 8. First-generation meront. Fig. 9. Free sporozoite (left) and dividing first-generation meront (right). Figs. 10, 11.
First-generation merozoites. Fig. 12. Second-generation meront producing slender, immature merozoites. Figs. 13, 14. Mature
second-generation merozoites in clusters. Fig. 15. Second-generation merozoites enveloped by gut tissue (arrows). Fig. 16.
Dividing third-generation meront (arrow). Fig. 17. Third-generation merozoites (arrows). Scale bar = 10 µm for all figures.
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Table 1. Site of capture, fish identity, number, mean length ± SD and range (mm); number of Gnathia africana pranizae
(all stages), mean burden ± SD and range; prevalence (%) of Haemogregarina bigemina in fishes.

Fishes Pranizae H. bigeminaSite Fish species No. Mean length (range) No. Mean burden (range) No. (%)
Clinus superciliosus 22 127.2 ± 37.6 (71-219) 117 5.5 ± 4.8 (1-16) 22/22 (100)De Hoop Clinus cottoides 9 80.9 ± 10.5 (57-96) 51 5.6 ± 3.1 (2-10) 9/9 (100)
Clinus superciliosus 24 126.0 ± 24.8 (100-195) 89 3.7 ± 3.1 (0-12) 22/24 (91.7)
Clinus cottoides 1 102 4    1/1 (100)Jeffreys Bay
Chorisochismus dentex 2 85 and 201 87 43.5 ± 42.5 (1-86)   1/2 (50)

Total 58 348 55

Table 2. Classification of Gnathia africana pranizae from fishes by stage (instar) (De Hoop and Jeffreys Bay data combined).

Fishes No. P1 P2 P3 Total
Clinus superciliosus 46 142 53 11 206
Clinus cottoides 10 31 22 2 55
Chorisochismus dentex 2 61 21 5 87
Total (prevalence) 234 (67.3%) 96 (27.6%) 18 (5.1%) 348 (100%)

macrogamont largely retained its haemogregarine-like
appearance initially, but then became broader, the
cytoplasm stained deeply and the nucleus was more
pronounced (Figs. 2, 28). The stage presumed to be the
microgamont, which was closely applied to the
macrogamont, also became rather broad and gibbous.
The microgamont nucleus was replaced by microgamete
nuclei that were difficult to distinguish, but at least three
or four were visible per microgamont (Figs. 2, 28).
Syzygy was seen in gnathiids which had fed on C.
superciliosus with H. bigemina but in none taken from
other fishes.

Immature oocysts (Figs. 3, 29) were first observed in
smears taken from G. africana at 7 d.p.f. and some were
still evident at 19 d.p.f. In some instances they occurred
in large numbers, and were found in all sizes of pranizae
(P1, P2, P3). They were almost always free of gut tissue
in smears, which suggested that if they were attached in
life, the association was a loose one. Oocysts were
round, with a pale-blue staining, vacuolated cytoplasm,
and a large, often centrally placed, nucleus that stained
deep magenta (Figs. 4, 30). These stages measured 9.4 ±
0.8 µm in diameter (range = 8.3-10.8 µm) (n = 15) in
De Hoop material and 10.3 ± 2.2 µm (range = 6.0-14.0
µm) (n = 15) from Jeffreys Bay.

Mature oocysts were oval or round in outline and
were found from 14 d.p.f. The best examples were
found in P2 pranizae that had fed on C. superciliosus. In
these mature oocysts the cytoplasm stained blue, and the
intensity of this staining increased with age of the
oocyst. The cytoplasm was also a little vacuolated (Fig.
5). Nuclei stained deep magenta and were either single
or, when sporogony had begun, from two to eight nuclei
occurred within a single oocyst (Figs. 5, 31). Five nuclei
were the most common numbers observed in dividing
oocysts. These older oocysts measured 18.0 ± 4.6 × 11.5
± 1.7 µm  when  oval  (range = 14-24 × 10.0-16.8 µm)
(n = 10) and 18.0 ± 1.2 µm across when round (range

16.0-19.1 µm) (n = 4) at De Hoop, and 14.3 ± 0.4 × 11.8
± 1.1 µm (oval only) (range = 14.0-15.0 × 10.0-13.0
µm) (n = 4) from Jeffreys Bay.

Sporogony leading to the formation of at least five
sporozoites was observed 11 d.p.f. of pranizae on both
C. superciliosus and Ch. dentex (Figs. 6, 32), although
free sporozoites were found as early as 9 d.p.f. Free
sporozoites were broad, and deep-blue staining with a
more or less centrally placed nucleus, which stained
deep magenta (Figs. 7, 33). One or two distinct vacuoles
occurred either anterior or posterior to the nucleus, as
well as deep-staining granules of various sizes. These
sporozoites measured 8.7 ± 0.7 × 4.4 ± 0.4 µm (range =
7.6-9.2 × 3.4-5.0 µm) (n = 20) in De Hoop material and
8.0 ± 0.8 × 4.4 ± 0.6 µm (range = 7.0-9.5 × 3.0-5.5 µm)
(n = 25) from Jeffreys Bay.

Sporozoites were observed to become more rounded
and form first-generation meronts from 11 d.p.f. (Fig.
8). These meronts were small, measuring 9.6 ± 0.8 × 8.4
± 1.2 µm when oval (range = 8.4-10.9 µm) or 10.2 ± 0.3
µm across when round (range = 10.1-10.9 µm) (n = 15)
at De Hoop and 6.8 ± 1.1 µm (round only) (range = 5.0-
9.08 µm) (n = 4) from Jeffreys Bay. They possessed
similar staining characteristics and vacuolation to sporo-
zoites. Each of these meronts appeared to divide (Figs.
9, 34) to form small numbers (probably between two
and four) of merozoites with sharply pointed or rounded
extremities (Figs. 10, 11, 35). The cytoplasm of these
first-generation merozoites was only slightly vacuo-
lated. Roughly one quarter to one third of the merozoite
cytoplasm stained pale cream, while the remaining
cytoplasm stained pale blue (Figs. 10, 11). The nucleus
lay much nearer to one end of this stage than the other,
separating the cream cytoplasm from the blue. The
nucleus itself was composed of loosely arranged
chromatin. These first-generation merozoites measured
6.6 ± 0.4 × 2.5 ± 0.2 µm (range = 5.9-7.6 × 2.1-2.9 µm)
(n = 15).
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Fig. 18. Clinus superciliosus redrawn from Penrith (1969) (not drawn to scale). Fig. 19. Praniza larva of Gnathia africana
redrawn from Smit et al. (1999) (not drawn to scale). Figs. 20-39. Microscope projection drawings to illustrate a proposed life
cycle for Haemogregarina bigemina. Figs. 20-26. Stages within the peripheral blood of C. superciliosus; Figs. 27-39. Stages
within G. africana. Arrows indicate transfer of haemogregarine from one host to another. Fig. 20. Intraerythrocytic trophozoite.
Figs. 21, 22. Intraerythrocytic meronts. Fig. 23. Pregamontic binary fission. Fig. 24. Immature, paired, intraerythrocytic gamonts.
Fig. 25. Mature, paired, intraerythrocytic gamonts. Fig. 26. Paired gamonts freed from host erythrocyte. Fig. 27. Free gamonts
like those seen in C. superciliosus. Fig. 28. Syzygy. Macrogamont and associated microgamont with three distinct microgamete
nuclei. Figs. 29, 30. Immature oocysts at different stages of development. Fig. 31. Maturing oocyst. Fig. 32. Sporogony leading
to the formation of five sporozoites. Fig. 33. Free mature sporozoites. Fig. 34. Dividing first-generation meront. Fig. 35. First-
generation merozoites. Fig. 36. Second-generation meront producing slender, immature merozoites. Fig. 37. Mature second-
generation merozoites. Fig. 38. Dividing third-generation meront. Fig. 39. Third-generation merozoites. Scale bar = 10 µm for
Figs. 20-39.
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Second-generation meronts were large and were also
detected at 11 d.p.f. They were fan-shaped, producing at
least 16 slender, immature merozoites (Figs. 12, 36).
Mature, second-generation merozoites were first ob-
served at 18 d.p.f. (Figs. 13, 14, 37). These second-
generation merozoites measured, 8.0 ± 0.5 × 2.6 ± 0.2
µm (range = 7.1-9.2 × 2.5-3.4 µm) (n = 20) at De Hoop
and 7.9 ± 0.6 × 2.4 ± 0.2 µm (range = 6.5-8.5 × 2.0-2.5
µm) (n = 10) from Jeffreys Bay. They were larger than
first-generation merozoites, and were more numerous,
often occurring in large clusters, enveloped by gut tissue
(Fig. 15), suggesting that this stage of merogony
develops in the gut (anterior hindgut?) lining. The
cytoplasm of second-generation merozoites was pale
blue staining, slightly vacuolated and the nuclear
chromatin was loosely arranged as in first-generation
merozoites (Figs. 13, 14). The nucleus lay roughly half
way down the merozoite (Fig. 37).

Second-generation merozoites were observed at 18
d.p.f. to contain two nuclei (= third-generation meronts)
(Figs. 16, 38). These were presumed to form third-
generation merozoites by division into two (binary
fission). Third-generation merozoites were the shortest
merozoites observed, measuring 5.9 ± 0.2 × 2.5 ± 0.2
µm (range = 5.0-6.3 × 2.1-2.9 µm) (n = 15). These small
merozoites (Figs. 17, 39) were interpreted as the final
stages of development in G. africana. They were seen
only in preparations made at De Hoop, and, like second-
generation merozoites, they were found enveloped by
gut tissue. Mixed populations of sporozoites, and first,
second and third-generation merozoites were seen in
two P2 gnathiids from De Hoop.

In 88 gnathiids examined from sponges at De Hoop,
nine (five P1, four P2) contained gamonts and one (P2)
contained immature oocysts resembling those described
above. No other stages were seen in these gnathiids.

All smears from the gut of gnathiids contained
background bacterial flora (rods and cocci) (Figs. 1-17).
These were presumed to be symbiotic bacteria needed to
digest fish blood or to supply essential amino acids or
vitamins (see Juilfs and Wägele 1987, Davies 1995b).

DISCUSSION

The complex relationships among Haemogregarina
bigemina, intertidal fishes, and blood-feeding, larval,
gnathiid isopods have now been examined in three
geographical locations (Wales, Portugal and South
Africa). In all cases a high prevalence of the haemo-
gregarine in the fish populations examined has been
demonstrated, and these fishes have been shown to act
as hosts for large numbers of gnathiids (Davies and
Johnston 1976, Davies 1982, Davies et al. 1994, Smit
and Davies 1999, this study). In the present study in
southern Africa, the large burden of gnathiid ecto-
parasites carried by three species of intertidal fishes
(Clinus superciliosus, Clinus cottoides and Chorisochis-
mus dentex) infected with H. bigemina was apparent.

Fifty-eight specimens of these fishes carried 348
pranizae of Gnathia africana in three larval stages (P1,
P2, P3). Although in a preliminary report from South
Africa, three Caligus sp. and one unidentified leech
were found on clinids at Jeffreys Bay (Smit and Davies
1999), no leeches or other ectoparasites that might
transmit H. bigemina were detected in the present study.

Also in the current study, to add weight to the
evidence for a relationship between the haemogregarine
and gnathiids, the stages observed in Giemsa-stained
smears from G. africana, taken at different time points
following feeding, included syzygy, oocysts, sporo-
zoites, and apparently three generations of merozoites.
The morphology of these stages, and the fact that they
exist in gnathiids taken from fishes infected only with
H. bigemina in their blood stream, leads to the conclu-
sion that they must be the development stages of the
haemogregarine in its invertebrate host.

It is perhaps not surprising that H. bigemina under-
goes development in G. africana. Some stages of
development of H. bigemina have been observed
previously in gnathiids, both in the northern hemisphere
(Davies and Johnston 1976, Davies 1982, Davies et al.
1992) and in South Africa (Smit and Davies 1999,
Davies and Johnston 2000). Davies and Johnston (1976)
reported stages from Welsh gnathiids, which, in the
light of current observations, were likely to have been
an oocyst and sporozoites (their figs. 9, 10). Davies
(1982, 1995a) illustrated further stages of development
from Welsh gnathiids, which included syzygy and
oocyst development. The forms that she interpreted in
micrographs as sporoblasts can now be identified as
sporozoites, and her sporozoites were probably mero-
zoites. Davies et al. (1994) also identified syzygy and
oocysts in Portuguese gnathiids which had fed on fishes
with H. bigemina, while Smit and Davies (1999)
reported syzygy in G. africana from southern Africa.
Davies and Johnston (2000) illustrated, but did not
describe in detail, an oocyst, a sporozoite, and numerous
merozoites freed from the gut lining of G. africana
taken from C. superciliosus infected with H. bigemina.

Leeches have traditionally been identified as the
vectors of haemogregarines from aquatic hosts, espe-
cially fishes. It is a departure from this tradition,
therefore, to discover that arthropods transmit H.
bigemina between intertidal fishes in both the northern
and southern hemispheres. Arthropods generally act as
vectors for the haemogregarines of semi-aquatic and
terrestrial vertebrates (see Davies and Johnston 2000),
and these haemogregarine genera include Karyolysus
Labbé, 1894, Hepatozoon Miller, 1908, and Hemolivia
Petit, Landau, Baccam et Lainson, 1990. Haemo-
gregarina bigemina in gnathiids resembles Hemolivia
sp. in ticks, Amblyomma sp. and Hyalomma aegyptium
(Petit et al. 1990, Landau and Paperna 1997, Smallridge
and Paperna 1997), and Hepatozoon lygosomarum
Allison et Desser, 1981 in the mite, Ophionyssus
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scincorum (Allison and Desser 1981), in that sporogony
appears to be confined to the gut of an arthropod.
However, its oocysts are not irregular or star-shaped, as
in Hemolivia sp. (Petit et al. 1990), and its oocysts are
not large and located in the haemocoel as in many
Hepatozoon (see Smith 1996). Furthermore, H. bigem-
ina has not been observed to produce sporokinetes or
sporocysts, as in Karyolysus, Hemolivia, and Hepato-
zoon (Svahn 1975, Petit et al. 1990, Smith 1996).

The development of H. bigemina in gnathiids more
closely resembles the stages of haemogregarines that
have been observed in leeches, than in other arthropods.
Stages that have been reported from leeches include
those of Cyrilia, Desseria and Haemogregarina (sensu
stricto). The development in leeches of Babesiosoma, a
genus thought to be closely related to haemogregarines,
is also confirmed (Barta and Desser 1989).

Cyrilia is characterised by sporogony in intestinal
epithelial cells, but unlike in H. bigemina, oocysts
produce 20 or more naked sporozoites which are pre-
sumed to migrate to the salivary glands of the leech,
where they are infectious to a new host (Lainson 1981).

In Desseria, following syngamy in the leech, the
zygote undergoes multiple sporogonic divisions
producing 16-32 sporozoites, numbers which far exceed
those found in H. bigemina (4-8 sporozoites, often 5 per
oocyst). However, the subsequent behaviour of sporo-
zoites of Desseria and those of H. bigemina is similar.
In both cases sporozoites appear to infect the gut
epithelium of the invertebrate host where merogony
occurs. However, merogony appears to result only in
four merozoites in Desseria (see Siddall and Desser
1993), but evidence for at least three generations of
distinct morphological types of merozoites have been
found in H. bigemina.

Members of the genus Haemogregarina (sensu
stricto), such as Haemogregarina balli Paterson et
Desser, 1976 from turtles, are characterised in leeches
by sporogony in the intestinal epithelium producing
eight sporozoites from a single germinal centre, and
post-sporogonic production of merozoites in extrain-
testinal leech tissues (see Siddall 1995). Interestingly,
the development of Babesiosoma stableri Smitter et
McGhee, 1961 in a leech (Batracobdella picta) also
involves an oocyst with eight sporozoites and post-
sporogonic production of merozoites in the salivary
glands (Barta and Desser 1989). The development of H.
bigemina in G. africana seems to match the develop-
ment of Haemogregarina (sensu stricto) and Babesio-
soma in leeches most closely, except that five
sporozoites appear to be the common number produced
from each oocyst. Five nuclei within the dividing
oocysts of H. bigemina from Welsh gnathiids were also
illustrated by Davies (1995a) (see her fig. 16g). The
production of five sporozoites by the oocyst is an
unusual number biologically, matched only perhaps by
the existence of five arms on the stellate oocyst of

Hemolivia spp. (see Smallridge and Bull 1999). Mero-
zoite production appears to occur in the gut tissue of G.
africana, and currently there is no evidence of extrain-
testinal merogony.

In studies of the relationship between H. bigemina
and gnathiids, using crush/smear techniques (as in this
study), and previous histological methods (unpub-
lished), the haemogregarine has not been demonstrated
in the salivary glands of the isopods. However, it is
impossible to be certain that the haemogregarine never
enters the salivary cells. Gnathiids which had fed on
haemogregarine-infected fishes carried a fair burden of
parasites (Table 1) in this study, as did gnathiids taken
directly from sponges. In the laboratory, as in Welsh
studies, intertidal fishes of all ages readily ate larval
gnathiids (see Davies 1982). Therefore, H. bigemina is
probably transmitted when infected gnathiids are
ingested by fishes, rather than by bite. This might also
explain the observation in Wales that young fish display
the infection soon after metamorphosis, when they
acquire the feeding habits of adult fish (see Davies
1982). At this stage it is not clear whether infection with
H. bigemina in gnathiids can accumulate over their life-
cycle stages between successive feeds and moults. This
has been suggested to occur in ticks with Hemolivia
mariae (Smallridge and Bull 1999). Biological trans-
mission in the laboratory would be necessary to
establish whether this is the case.

The question arises where H. bigemina should be
placed taxonomically amongst haemogregarines and
dactylosomatids. Its development in its vertebrate host
involves division within erythrocytes, which excludes it
from the genus Desseria and typically from Hepato-
zoon, except for two species of Hepatozoon described
recently by Smith et al. (2000). Its division in erythro-
cytes is also characteristically into two vermicular
individuals, which excludes it from the genera
Babesiosoma and Dactylosoma. In its invertebrate,
arthropod host, the development of H. bigemina appears
to have most in common with the development of
Haemogregarina (sensu stricto) in leeches, but it is not
a close match, and its affinity with some aspects of the
development of Hemolivia is reemphasised. Until the
precise destination of merozoites within the gnathiid
have been established, it is difficult to determine where
H. bigemina should be placed. The fact that it develops
in an aquatic vertebrate and an arthropod, rather than a
leech, is not enough in our opinion to assign it in a new
genus. Lankesterella spp. for example, probably utilise
vertebrate, annelid and arthropod hosts, as well as other
means of transmission (see Desser 1993).

Levine (1988) listed 85 species of marine fishes in 59
genera as hosts for H. bigemina, and Smit and Davies
(1999) reported a further two new host fishes. In the
current study, Ch. dentex was found to be another new
host. Haematophagous larval gnathiids are also widely
spread throughout marine and sometimes, brackish,
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waters (Monod 1926, Cohen and Poore 1994, Grutter
and Poulin 1998), where, in some instances they have
been reported to injure fish in blood feeding (see Davies
1995b). The broad distribution of gnathiids and their
feeding behaviour may explain the seemingly wide host
range and almost cosmopolitan spread of H. bigemina.

Haemogregarina bigemina was first described at the
beginning of the last century in northern France by
Laveran and Mesnil (1901). It is perhaps fitting that at
the turn of this century, its life cycle is largely resolved.
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